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Summary
Objectives: Determine the depth-varying confined and osmotic compression moduli of normal human articular cartilage from the femoral
head, and test whether these moduli are dependent on fixed charge density.
Methods and Results: Using an automated instrument to allow epifluorescence microscopy analysis during confined compression testing on
cartilage samples, the equilibrium confined compression modulus (HA0) was found to vary markedly with depth (z=0–1500 m) from the
articular surface. HA0 increased from 1.16±0.20 MPa in the superficial (0–125 m) layer to 7.75±1.45 MPa in the deepest (1250–1500 m)
layer tested, and was fit by the expression, HA0(z) [MPa]=1.44 exp(0.0012·z [m]). Also, in successive slices of cartilage extending from the
articular surface to the middle–deep regions, the bulk modulus (K0) and fixed charge density (FCD) increased, consistent with previous
findings. While HA0, K0, and FCD each varied with depth from the articular surface, the dependence of HA0 and K0 on depth did not appear
to be completely related to variations in FCD.
Conclusions: The confined compression modulus of normal aged human femoral head articular cartilage increases markedly with depth from
the articular surface, a trend similar to that observed for articular cartilage from other joints in animals but with an absolute amplitude that
is several-fold higher. The compressive properties were not simply related to FCD at different depths from the articular surface, suggesting
that other as yet undefined factors also contribute to compressive properties. © 2001 OsteoArthritis Research Society International
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Articular cartilage functions as a load-bearing, low friction,
wear resistant material in diarthrodial joints. The molecular
basis for the mechanical function of cartilage has generally
been ascribed to the extracellular matrix, and in particular
to the high density of fixed charge groups on proteoglycan
molecules that are trapped in a tough collagen network. In
adult human femoral head cartilage, the fixed charge
density (FCD) is relatively low in the region near the
articular surface, and increases to a maximum in the
middle–deep zone; in contrast, the content of collagen per
volume of such cartilage is relatively constant1. On the
other hand, the collagen fibrils vary in structure with depth
from the articular surface, where fibrils are generally
parallel to the articular surface, to the deep layer, where
fibrils are perpendicular to the cartilage–bone boundary2.
The depth-associated variations in articular cartilage
composition and structure appear to be related to561marked depth-associated variations in cartilage mechanical
function, especially for the collagen-associated tensile
properties of human3 and bovine4,5 tissue.
One approach to describing the biomechanical function
of cartilage is to use a poroelastic or biphasic model6,7,8,
where stress is separated into solid and fluid components.
In this model, the stress at equilibrium in a free-draining
configuration is borne by the solid component, and the
stress–strain relationship is described by that of an elastic
material. The elastic material can be analysed at various
length scales with various assumptions about the degree of
tissue homogeneity. At a relatively long length scale, full- or
partial-thickness cartilage is characterized by apparent
homogeneous properties. At a shorter length scale, the
depth-associated variation in elastic properties has been
described explicitly by either a continuous function7 or
one that can change between successive discrete tissue
layers9,10.
The degree of depth-associated inhomogeneity in these
elastic properties of articular cartilage appears to be
marked, but has been determined only for limited types of
articular cartilage and test configurations. Even for the
simplest elastic material, assumed to be linear and iso-
tropic, two constants (e.g., moduli) need to be specified to
fully characterize the material11,12. One such constant
commonly determined for cartilage is the confined com-
pression modulus, HA0; it describes the change, between
equilibrium states, in compressive stress resulting from an
axially directed strain for tissue that is confined radially.
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the change of volume resulting from an isotropic stress
(one oriented in all directions, for example as imposed by
an osmotic pressure source). Some previous studies have
examined depth-varying cartilage biomechanical behavior.
However, when non-equilibrium or complex compressive
loading conditions are used13–17, apparent variations in
depth-varying mechanical behavior are difficult to analyze
in terms of elastic material properties embodied in theoreti-
cal models of cartilage. For young adult bovine knee
articular cartilage, recent application of an epifluorescent
video microscopy technique to assess intratissue displace-
ment showed that HA0 increased markedly with depth from
articular surface18,19. For human femoral head and condyle
cartilage, the degree of compression induced by osmotic
stress lessened with depth from the articular surface20–22,
indicating that K0 increased with depth from articular
surface. Thus, our first hypothesis was that normal
human articular cartilage from the femoral head exhibits
variation in HA0, as well as K0, with depth from the articular
surface.
The depth-associated variation in articular cartilage
mechanical properties may be due to variation in tissue
composition1,12,23. The glycosaminoglycan molecules of
cartilage provide the tissue with a high density of matrix-
affixed charge groups24. These charge groups repel each
other electrostatically, giving rise to a high osmotic swelling
pressure20,25–28, which is counteracted by the restraining
function of the collagen network (CN)29,30. For normal
articular cartilage, the fixed charge density (FCD) can be
expressed relative to either tissue water content (FCDH2O)
or wet weight (FCDWW)31. In either case, FCD is relatively
low in the region close to the articular surface and
increases to a maximum in the middle-deep zone1. Since
the water content of cartilage decreases monotonically with
depth from the articular surface1,32, FCDH2O increases
more markedly with depth than does FCDWW. The HA0 of
full-thickness cartilage or isolated cartilage sections has
been experimentally correlated with and theoretically
attributed to the FCD26 or glycosaminoglycan content12,33.
Thus, our second hypothesis was that depth-associated
variations in the HA0 and K0 of human femoral head
cartilage would be generally related to concomitant varia-
tions in FCD. On the other hand, for bovine knee cartilage,
HA0 increased continuously with depth from the articular
surface, in contrast to GAG content which plateaued in the
middle-deep region34, suggesting a contribution to HA0
other than FCD. Therefore, an associated hypothesis was
that the measured compressive moduli in the middle and
the middle-deep regions of human femoral head cartilage
differ and are not dependent only on FCD.
Thus, the objectives of the present study were to deter-
mine for normal aged human femoral head articular carti-
lage (1) the equilibrium confined compressive behavior, as
described by HA0, as a function of depth from the articular
surface, (2) the osmotic compressive behavior, as
described by K0, and (3) the dependence of HA0, as well as
K0, on FCDH2O through the depth of the tissue sample, and
in particular for the superficial, middle, and middle-deep
regions of cartilage.the anterior–superior region of the femoral heads, full-
thickness cartilage discs (N=15 total), 8.4 mm in diameter,
were harvested manually using a punch and scalpel.
Matched cartilage discs from individual donors from
anatomically adjacent regions of tissue were separated into
three groups (I–III, N=5 per group) and stored at −20°C.
Samples in groups I, II, and III were used for confined
compression tests, osmotic compression tests, and fixed
charge density analyses, respectively.Fig. 1. Schematic of the mechanical test system.(I) CONFINED COMPRESSION
The overall and depth-varying confined compression
moduli were assessed using an approach previously
described18,19 with the modifications described here. An
instrumented test apparatus (Fig. 1) was made and allowed
testing of semi-cylindrical samples and measurement of
load. For each sample in this experimental group, a 4.8 mm
diameter cartilage disc was isolated. The disc was cut flat
to a thickness of ∼1.5 mm and with the articular surface
intact by fixing the articular surface face down on a freezing
stage and slicing off a small amount of tissue from the deep
region using a microtome (Carl Zeiss, Inc., Thornwood, NY,
U.S.A.). The disc was subsequently equilibrated at 4°C
overnight in 1 ml of phosphate-buffered saline (PBS) sup-
plemented with proteinase inhibitors (PI) to minimize deg-
radation19 and 0.5 M ethidium homodimer-1 (Molecular
Probes, Eugene, OR, U.S.A.) to stain chondrocyte nuclei.
Using a custom-designed cutting jig, the disc was then cut
into two semi-cylindrical portions, with one used as the test
sample. The test sample was then placed between two
porous stainless steel platens (with mean pore size of
0.5 m, Phenomenex, Torrance, CA, U.S.A.) in the confin-
ing chamber of a custom designed computer-controlled
micromechanical test system (Fig. 1). The cartilage thick-
ness was determined from images captured using reflected
light illumination at ×3.6 magnification in the uncom-
pressed state. The displacements required to achieve
specimen compression of ∼0, 8, 16, 24 and 32% of the
original cartilage thickness were applied by advancing one
of the platens slowly (at 0.22 m/s equivalent to ∼0.015%/
s). At each compression level, the sample was allowed to
stress relax for at least 60 min or until the stress changed
by less than 0.001 MPa in 5 min, and then the equilibrium
load was measured (±0.001 N, load cell model 31/1426-
02, Sensotec, Columbus, Ohio, U.S.A.). In one sample, the
32% compression level was omitted because the capacity
of the load cell was reached. At equilibrium, the flat verticalMethods
Cartilage samples were isolated from three macroscopi-
cally normal aged human femoral heads (donor age, 74–86
years) post mortem (Rambam Hospital, Haifa, Israel). From
Osteoarthritis and Cartilage Vol. 9, No. 6 563tissue surface of the semi-cylinder (i.e., perpendicular to
the articular surface) was imaged to obtain spatially cali-
brated, digital epifluorescent microscopic images of the
sample. The intratissue displacement field was calculated
as the position changes of the centroids of fluorescent
chondrocyte nuclei for each compressed state relative to
the reference uncompressed state (Fig. 2). Displacement
(in the z direction) vs position (in the z direction) data were
fit to a piece-wise linear continuous function with the pieces
corresponding to four 125 m layers (I–IV) from articular
surface and four additional 250 m layers (V–VIII) (Fig. 2).
These layer thicknesses were determined a priori based onpilot studies which showed that the equilibrium compres-
sive strain in the deep tissue layers was much lower in
amplitude than those in the more superficial tissue layers,
necessitating a somewhat thicker layer of tissue in the deep
layers for precise estimates of strain than that in the
superficial layers. The stress at each compression level
was calculated as the equilibrium compressive load nor-
malized to the semi-circular area. The depth-dependent
confined compression moduli, <H iA0>, where i represents
the layer number, were estimated by fitting the data to a
finite deformation stress–strain relationship35. The com-
pressed thickness of the entire articular cartilage sample
was also used to determine the apparent ‘homogeneous’
equilibrium compressive modulus, <HA0>, for the sample.Fig. 2. Composite, epifluorescent micrographs of stained chondro-
cyte nuclei (white dots after imaging processing) within human
femoral head articular cartilage, when subjected to graded levels
(8, 17, 25, and 31%) of equilibrium confined compression. Arrows
and circles indicate tracking of cell nuclei. The locations of layers
I–VIII in the uncompressed configuration are indicated above.(II) OSMOTIC COMPRESSION
Osmotic compression testing was performed as
described previously29. Briefly, each full thickness cartilage
sample in this group was sliced into 3–4 sequential layers,
using a microtome with a freezing stage. The first layer
included the articular surface and was 200–300 m thick
according to the readings from microtome. The next three
layers were each 400–500 m thick, and extended to a
depth of ∼1500 m. Each layer was equilibrated in a saline
solution (0.15 M NaCl+0.01% NaN3) for 3 h at 4°C, and
measured for wet weight (WW). Each layer was then
dialysed in tubing (Spectrapor, MW cut-off of 1000 Da)
against solutions of polyethylene glycol (PEG, MW
20,000 Da, Fluka Chimika, Germany) of known osmotic
pressure, PEG, at three increasing levels of PEG up to
0.68 MPa for 48 h at 4°C. Solutions were stirred continu-
ously with a magnetic bar. After a 48 hour period, which
was sufficient to reach equilibrium29, the osmotically com-
pressed samples were taken out of the tubing and imme-
diately weighed. From this weight (of the osmotically
compressed sample), the percentage water loss with
respect to the original wet weight was determined. Each
layer was allowed to re-equilibrate in 0.15 M NaCl at 4°C
for 3 h between the three successive compressions.
Assuming that each section of tissue (Group II) is homo-
geneous and isotropic and that the volume change, V/V0,
due to compression under PEG is due to water loss in the
tissue, the corresponding volume change relative to the
original uncompressed volume is
where V0 and V are the original and changed volume of
the tissue section, respectively, m0 the original mass of the
tissue section, mwater loss the mass of fluid lost during
compression, and water, density of water (1.0 g/cm3). The
density of each tissue section, 0, was taken to be 1.1 g/
cm3 based on analysis of matched samples. (In particular,
0 values of 1.10–1.12 g/cm3 were calculated for all tissue
layers from measurements of wet and dry weight and the
contents of collagen and glycosaminoglycan, using the
specific volumes of collagen, glycosaminoglycan, and non-
collagenous proteins described previously29. Thus, the
assumption of the single value for 0 would be expected to
cause only very slight errors in volume estimates and the
results described, and not affect the significance of any
comparisons.) The bulk modulus11 at zero volume change,
<K i0>, was determined for each layer, i, by curve fitting the
osmotic pressure–volume change data to a constitutive
564 S. S. Chen et al.: Femoral head cartilage compressionrelation, having the same form as that used above for
<H iA0>35.(III) FIXED CHARGE DENSITY
Fixed charge density analysis was performed as
described previously36. Briefly, discs were sliced into
sequential layers, ∼200 m thick. Each layer was weighed
wet, and then equilibrated with 22Na+ in hypotonic saline
(0.015 M NaCl). The uptake of 22Na+ was used to calculate
the fixed charge density <FCDiWW> (normalized to wet
weight), assuming Donnan equilibrium. The layers were
then lyophilized and measured for dry weight (DW). The
FCD based on total tissue water based was calculated asSTATISTICAL ANALYSIS
The data from experimental groups are shown as
mean±S.E.M. The variation in estimates of compressive
moduli, <HA0> and H iA0, were analyzed by ANOVA.
While <H iA0>, <K i0>, and <FCD iH2O> were each deter-
mined for discrete regions or pieces of cartilage, these
parameters could be considered to vary continuously with
depth from the articular surface. To assess this depth-
dependent variation, the discrete data for each i th layer,
extending in depth from the articular surface between zi to






The form of curve fit of eqns (4) and (6) were chosen to
provide reasonable fits of the data, and eqn (8) was based
on previous studies1. For each sample, the phenomeno-
logical material constants, A, B, C, D, a, b, and c were
obtained by fitting the layer data to eqs 3–8 and minimizing
the sum of the squared error by non-linear regression.
To determine depth-associated variations, <H iA0>,
<K i0> and <FCD iH2O> were calculated for the superficial(0–500 m), middle (500–1000 m) and middle–deep
(1000–1500 m) regions for each sample using equations
3–8 and the material constants. Here, it should be noted
that the designated superficial, middle, and middle–deepregions do not necessarily correspond exactly to those
regions identified by histology.
In addition, <i0>, Poisson’s ratio, another elastic bio-
mechanical property commonly assessed for articular
cartilage, was computed for tissue layer i at zero stress and
strain, under the assumption of linearity and isotropy,11,12
as:Fig. 3. Displacement data for a typical sample (shown in Fig. 2) as
a function of depth from the articular surface. The sample was
compressed to 8% (), 17% (), 25% () and 31% () of the
original thickness relative to the uncompressed state. Data were fit
(solid lines) by piece-wise, continuous linear regression in eight
layers (I–VIII).Results
In the confined compression tests, epifluorescent
microscopy allowed identification of cell nuclei throughout
the depth of the cartilage thickness. In the raw and
thresholded images, distinctive groups of chondrocyte
nuclei were identified and tracked between successive
images at each compression level (e.g., Fig. 2). The
computed displacement data exhibited a non-linear
dependence on depth from the articular surface (e.g.,
Fig. 3). At low levels of compression, most of the displace-
ment occurred near the superficial layer. However, as the
overall compression level increased, relatively more of
the displacement occurred deeper into the tissue, and the
displacement profile became increasingly linear with depth.
The piece-wise continuous model fitted the displacement
data well (R2=0.997±0.001, N=19).
The stress–strain data in each layer were well fit
(R2=0.92±0.01) by the finite deformation model35 (Fig. 4),
and the computed <H iA0> varied (increased) significantly
with depth from the articular surface (P<0.001, Fig. 5).
While <HA0> was 3.00±0.37 MPa, <H IA0>(z=0–125 m)
and <H VIIIA0 > (z=1250–1500 m) were 1.16±0.20 MPa(39% of <HA0>) and 7.75±1.45 MPa (258% of <HA0>),
respectively.
In addition, the continuous function, HA0(z) (from
eqns 3 and 4), described the depth-varying confined com-
pression modulus data well. The fits of the individual
sample yielded material parameters A=1.44±0.30 MPa
Osteoarthritis and Cartilage Vol. 9, No. 6 565Fig. 4. Variation of stress–strain relationships with depth from
articular surface. Data and curve fits (to model in 35) are shown for
cartilage layers I–VIII (defined in the text and Fig. 3). For clarity,
(A) contains data for cartilage layers I (), III (), VI (), VIII (),
and also for overall cartilage tissue assumed to be homogeneous
(, H), while (B) contains data and curve fits for cartilage layers II
(), IV (), V (×), and VII (). Data are mean±S.E.M. (N=5).Fig. 5. Variation of compressive modulus, HA0, with depth from
articular surface. <H iA0> (shown as empty bar) was estimated
from experimental data for tissue layer i. Data are mean±S.E.M.
(N=5). [Figs 3 and 4(B)]. <H iA0> data were curve fit according to
eqns 1 and 2 to yield the continuous function (solid line),
HA0(z)=1.44e0.0012z.A0Fig. 6. Variation of osmotic pressure vs volume change relation-
ship with depth from articular surface. Data and curve fits (to the
same model of Fig. 4, from 35) are shown for a typical sample for
layer I (), z=0–110 m, II (), z=110–354 m, III (), z=354–
1509 m, and overall tissue () assumed to be homogeneous (H).Fig. 7. Variation of K0 with depth from articular surface. <K i0> was
estimated from experimental data for successive tissue layer i, and
the values of three layers from five different specimens are
indicated by,, ,, and. The variable z was taken as the
mid-point depth of each slice, relative to the articular surface.
<K i0> data were curve fit according to eqns 5 and 6 to yield the
continuous function (solid line), K0=0.77e0.00073z.and B=0.0012±0.0002 m−1 (N=5) with R2 of 0.92±0.02
and coefficient of error values, SE/A and SE/B, of 17±4%,
and 13±2%, respectively. When the mean A and B values
were used with eqn 4 to calculate the individual moduli of
layers I–VIII, the <H i > values compared well with thoseestimated by fitting the stress–strain data of the discrete
tissue layers (Fig. 5). Further, when the individual A and B
values were used with eqs 3 and 4 to calculate the
‘homogenous’ moduli, <HA0>, for the overall samples,
the computed values (2.72±0.86 MPa) compared well with
the values estimated directly (3.00±0.37 MPa) and were
not significantly different (P=0.08).
The osmotic pressure–volume data also showed a sig-
nificant variation with depth from the articular surface. The
pressure–volume data for each tissue layer were curve fit
(as shown in Fig. 6 for a typical specimen) well (overall
R2=0.95±0.01) to obtain <K i0> values for each layer of
each specimen. Subsequent curve fitting of <K i0> to the
continuous function, K0(z) (using eqns 5 and 6), yielded the
material constants C=0.77±0.17 MPa and D=7.33±
0.90×10−4 m−1 (N=5) with R2 of 0.85±0.08 and coef-
ficient of error values, SE/C and SE/D, of 21±4% and
17±3%, respectively (Fig. 7). Further, when the individual
C and D values were used with eqns 3 and 6 to calculate
the ‘homogeneous’ moduli, <K0>, for the overall samples,
the computed values (1.18±0.26 MPa) compared well
with the values estimated directly (1.29±0.35 MPa) and
were not significantly different (P=0.1).
The FCD also showed a significant variation with depth
from the articular surface. <FCD i > was relatively low inH2O
566 S. S. Chen et al.: Femoral head cartilage compressionthe superficial layers and increased to a maximum in the
middle–deep zone (Fig. 8). The <FCD iH2O> values of
discrete layers were fit well by the continuous function of
eqn 8 and yielded the material constants a=0.13±
0.01 mEq/g, b=1.67±0.27×10−4 mEq·m/g and c= −5.14±
1.50×10−8 mEq·m2/g (N=5), with R2 of 0.90±0.05, and
SE/a, SE/b, and SE/c values of 9±1%, 19±3% and
41±16%, respectively.
The mechanical properties and biochemical composition
showed distinct depth-associated variations (Fig. 9).
<H iA0> in the middle–deep region was significantly higher
than <H iA0> in the superficial (P<0.05) and in the middle
region (P<0.001, ∼three-fold and two-fold, respectively),
with no detectable difference between <H iA0> in the super-
ficial and middle region P=0.23. <K i0> in the middle–deep
region was significantly higher (∼two-fold) than <K i0> in the
superficial region (P<0.001) but not detectably different
from that of the middle region (P=0.25), and there was
no significant difference between <K i0> in the superficial
and middle regions [P=0.49, Fig. 9(B)]. While <i0> did
not vary detectably (P=0.31), it showed a trend of decreas-
ing from the superficial (<i0>=0.16±0.10) to the middle(<i0>=0.059±0.080) and the middle–deep region (<i0>=
−0.057±0.062).
<FCD iH2O> in the middle–deep and middle regions were
not significantly different from each other (difference
of 12%, P=0.18), while <FCD iH2O> in the middle–deep(P<0.001) and middle (P<0.05) regions were significantly
higher than that in the superficial region. Indeed, the
dependence of <H iA0> and <K i0> on <FCD iH2O> in the
three different regions (Figs 9 and 10) appeared distinct,
with both <H iA0> and <K i0> increasing with <FCD iH2O>
most rapidly in the middle–deep region.Fig. 8. Dependence of FCDH2O on depth from articular surface.
FCDH2O values were measured in successive slices (different
samples are indicated by , , , , and ). The variable
z was taken as the mid-point depth of each slice, relative to the
articular surface. The FCDH2O data were curve fit according
to eqns 5 and 6 to yield the continuous function (solid line),
FCDH2O=0.13+1.67×10−4z−5.14×10−8z2.A0 0Fig. 9. Variation of <H iA0> (A), <K i0> (B), and <FCD iH2O> (C) in
the surface (0–500 m), middle (500–1000 m) and middle–deep
(1000–1500 m) regions.Discussion
These results provide the first experimental estimates of
the depth-associated variation in HA0 for macroscopically
normal human articular cartilage from the femoral head of
aged individuals (Fig. 5). This information complements
studies in which the depth-associated fluid loss in response
to osmotic pressure has been characterized previously21,22
and is described here by K0 (Fig. 7). From the estimates of
H and K , depth-varying Poisson’s ratios were alsocalculated. In addition, the depth-associated variation in
FCD of cartilage from the femoral head1 was assessed
(Fig. 8). While HA0, K0, and FCD were found to each vary
with depth from the articular surface, and <H iA0> and
<K i0> were each related to <FCD iH2O> (Fig. 10), the
variation in <H iA0> and <K i0> of cartilage from the middle
and middle–deep zones did not appear to be fully
accounted for by variations in <FCD iH2O> (Figs 9 and 10).
The estimated values of <HA0>, <H iA0>, and HA0(z)
should be interpreted with the experimental protocol and
analytical assumptions taken into account. During prep-
aration for confined compression testing, a portion of the
deep region of each full thickness cartilage sample was
removed. This probably caused an underestimation of the
<HA0> of the full thickness of the femoral head articular
cartilage samples, since the compressive modulus of the
deep layers are typically stiffer than <HA0> (Figs 4 and 5
and18). However, the estimates of depth-variation in
<H iA0> and HA0(z) are probably not affected by detach-
ment from the cartilage layer from the bone. Also, while the
continuous function, HA0(z) (eqn 4), proposed here pro-
vided a good fit of the depth-dependence of the confined
compression modulus data, it has not been assessed in the
deep regions of cartilage (i.e., outside the range of
0<z<1500 m).
Osteoarthritis and Cartilage Vol. 9, No. 6 567Fig. 10. Dependence of <H iA0> (A) and <K i0> (B) on <FCD iH2O> in the surface (, 0–500 m), middle (, 500–1000 m) and middle-deep(, 1000–1500 m) regions.The form of the equilibrium constitutive equation used to
describe the stress–strain data also affects the modulus
values at zero stress and strain. The relation used35
provided a very reasonable fit of the finite deformation of
the tissue layers near the articular surface [layer I–V in the
confined compression tests, shown in Fig. 4(a) and 4(b),
and layer I–II in the osmotic compression tests, shown in
Fig. 6]. The fits to the data for layer I in the confined
compression tests were slightly off due to the actual stress–
strain behavior being softer in the low-stress region than
that described by the curve fit. The same relation fit the
data from the deeper layers less well [e.g., layers VI–VIII in
Fig. 4(A),(B) and layer III in Fig. 6]. This was due to an
initially stiff response of the deeper cartilage layers at low
levels of compression. This type of response has been
observed previously during the confined compression tests
on bovine articular cartilage18 and more recently during in
situ loading of rabbit joints and scanning electron
microscopy analysis37. This phenomenon has been attrib-
uted to loading of the collagen fibers which are aligned with
the compression axis and subsequent buckling with a
decrease in compressive stiffness18,38. The result of this is
that the calculated <H iA0> and <K i0> of the middle-deep
tissue layers (based on the fitted curves in Figs 5 and 7)
are likely to be an underestimate the actual slope at
zero strain. This would not change the pattern of results
(e.g., Fig. 9), and would in fact further accentuate the
depth-associated variation in <H iA0> and <K i0>.
The present measurements highlight the very much
higher values of the <H iA0> of the weight-bearing area of
aged human femoral head cartilage as compared with the
often-studied knee cartilage of either bovine18 or human39
origin. The site-specific dependence of modulus is consist-
ent with the finding that hip cartilage of humans is stiffer
than that of baboons, dogs and bovines40. In addition, the
superior anterior region of the femoral head is known to be
a site with a relatively high compressive modulus41,42. Also,
the relatively high compressive moduli measured here may
reflect an age-associated increase in FCDH2O for femoral
head articular cartilage32,42. On the other hand, short-term(2 s creep) indentation studies on human femoral heads43
have shown no statistically significant age-related changes;
this may reflect and be consistent with the absence of
age-related changes in the superficial region (0–400 m) of
FCD, water content and osmotic pressure21,44. The results
on the depth dependence of <FCD iH2O> and the extent of
osmotic compression and <K i0> were consistent with pre-
vious investigations1,21,22. Taken together, this suggests
that the new findings on <H iA0> are typical of normal
human aged femoral head cartilage, and not due to an
abnormality of these particular cartilage specimens.
The depth-dependence of the confined compression
(Figs 4 and 5) and bulk (Figs 6 and 7) moduli have
significant implications for the normal biomechanical
behavior of femoral head articular cartilage in humans. The
relatively low compressive moduli in the superficial regions
of suggests that these regions play a critical role in the
load-bearing, low-friction, wear-resistant, properties of
articular cartilage in vivo. In particular, consolidation of this
region of tissue would improve the congruence between
joint surfaces45, minimizing stress concentration, and also
reduce tissue permeability9,46, maintaining tissue pressuri-
zation. These results, in turn, serve to maintain fluid film
lubrication of the hip joint47. The marked extent of the
depth-dependence of compressive properties has been
found also for bovine knee cartilage18,19. Thus, the relative
decrease in compressive modulus of cartilage near the
articular surface may be a fundamental property for tissue
with normal biomechanical function.
The distinct depth-associated relation between mech-
anical properties (<H iA0> and <K i0>) and biochemical
composition (<FCD iH2O>) extends the findings of previous
studies1,39,43,48,49, and raise questions about the molecu-
lar basis of these mechanical properties. The distinct con-
tribution of <FCD iH2O> to the mechanical properties of the
cartilage in different regions of tissue may result from a
number of factors. In particular, the much higher <H iA0>
and <K i0> in the middle-deep region compared to the
middle regions suggest that the collagen network and
568 S. S. Chen et al.: Femoral head cartilage compressiontissue components besides <FCD iH2O> might sustain com-
pressive load. It seems possible, but less likely, that the
observed trends are due to a nonlinear dependence of
<H iA0> and <K i0> on <FCD iH2O>. The molecular basis for
the role of collagen network in the compressive properties
of the cartilage remains to be clarified.
Estimates of Poisson’s ratio have varied markedly in
previous studies40,41,50,51. Previous microscopic visualiz-
ation of adult bovine humeral cartilage under unconfined
compression at equilibrium showed a highly depth-
dependent inhomogeneous lateral expansion, with the
superficial zone exhibiting the least lateral (=0.07±0.04)
and increasing with depth (=0.23±0.10) in the radial
(deep) zone47. In contrast, indentation tests have yielded
estimates of Poisson’s ratio ranging from 0–0.440,41,52. The
reason for such variability remains to be clarified. One
possibility is that different tissues truly have different prop-
erties. Another is that cartilage exhibits different Poisson’s
ratios in different test configurations due to difference in the
molecular components bearing of stress. For example, the
elastic properties of cartilage are markedly different in
compression and tension50. Other factors that may affect
the estimations are tissue anisotropy and the fact that
calculation of <i0> is dependent on <H iA0> and <K i0>
values extrapolated from the nonlinear stress–strain
relation to zero strain or volume.
The newly determined confined compression properties
of normal aged human femoral head articular cartilage also
provide detailed parametric information that can be used to
more precisely characterize the deformation of cartilage in
response to applied load. The relations of eqns 4 and 6
may be used directly. Alternatively, the data may be fit to
more general strain–energy functions for cartilage that vary
with depth from the articular surface. Such may be useful
not only for analysis of experiments on isolated tissue53 but
also for computational biomechanical analysis of intact
joints54.
Further elucidation of the detailed biomechanical proper-
ties of human articular cartilage and relationships between
such functional properties and tissue composition and
structure would be important. Such biomechanical proper-
ties of cartilage, in themselves, would help to delineate,
what regions, if any, of the tissue undergo initial changes in
normal aging or osteoarthritis. In addition, such properties
serve as clinical design goals for repaired cartilage defects
and tissue-engineered cartilage. Finally, more detailed
assessment of the relationship between cartilage function
and tissue composition and structure, as well as age-,
location-, and degeneration-dependent variations, may
clarify the metabolic basis for alterations in health and
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